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Abstract 
 

Disinfection byproducts (DBPs) are formed when chlorine, or any other disinfectant, is 
added to drinking water and reacts to a small fraction of natural organic matter (NOM) present in 
the water supply. DBPs may be carcinogenic when exposed for a long term at high 
concentrations. However, the usage of chlorine or other disinfectants on the water supply must 
not be compromised. The precursors of DBPs are studied in the Saw Kill by acquiring data from 
2017 to 2019 from the Saw Kill Monitoring Program. This includes colored dissolved organic 
matter (CDOM), chlorophyll a, and turbidity, which are indicative of NOM behavior in the river. 
Three figures of each parameter are created in relation to land usage (forested, developed, and 
MCA) and seasonality, while distribution plots and natural log-transformed plots are created to 
test for normality via the Shapiro-Wilks test. Correlations between the parameters are plotted and 
tested via Kendall Tau and Spearman Rho’s test. In addition, stream inflows to the reservoirs of 
Neversink and Cannonsville are studied by evaluating its grab samples for temperature 
fluorescence quenching of CDOM and sample degradation via two Handheld AquaFluor 
Fluorometers (of the same model, but different calibration methods), and microbial activity via 
an ATP (adenine triphosphate) assay. The CDOM data is corrected for temperature effects by 
using the equation provided by Watras et al. (2011), CDOMr = CDOMm/[1 + ρ(Tm – Tr)], and then 
correlated with dissolved organic carbon (DOC). Results from the Saw Kill plots indicate that 
parameters are not normally distributed, and there is a weak correlation between them. From the 
limited dataset, there is no indication of seasonality or land usage affecting the concentration of 
the investigated parameters. Furthermore, preliminary results from the laboratory experiments of 
Neversink and Cannonsville samples reveal that CDOM fluorescence emission intensity 
decreases by ~1% per temperature (°C) increase. The corrected CDOM values are highly 
correlated with DOC (r2=0.97). From the results of the limited ATP assays, Cannonsville has 
greater microbial activity. Samples with 72 and 58 holding days have a sample degradation of ~2 
RFU and may be considered negligible in comparison to RFU changes between samples of 
different months. Saw Kill data suggest that DBP formation potential associated with CDOM 
and turbidity are highest in the fall of 2018 and associated with chlorophyll a is highest in the 
spring and summer of 2019. Meanwhile, Neversink and Cannonsville data suggest that CDOM 
temperature correction varies based on sample collection in regard to river hydrology. Corrected 
CDOM data is indicative of a strong indicator for DOC; however, further research is needed. 
Despite the fluorometers having different calibration methods, there are negligible differences in 
the data analysis. Ultimately, the following are recommendations provided for the Saw Kill 
Monitoring Program: the Bard fluorometer should be calibrated using quinine sulfate, and 
CDOM values should be corrected by using the equation provided by Watras et al. (2011). From 
the equation, the temperature coefficient, ρ, should be determined by conducting temperature 
quenching experiments and taking account of influences such as storms and river hydrology.  
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Chapter 1: 
Introduction to Disinfection Byproducts 

 
 

Chlorine has been established as the conventional method for disinfecting drinking water 

since the 20th century and is widely regarded as a major achievement in the public health sector. 

This reformation greatly reduced waterborne diseases contracted from the drinking supply. 

Although the application of chlorine is essential for a sanitary water supply, there are negative 

consequences in using this chemical. When chlorine is added to the supply, it reacts with water 

and forms hypochlorous acid. Likewise, when bromine, an alternate disinfectant to chlorine, is 

added to the drinking supply, it forms hypobromous acid. In 1974, Johannes J. Rook discovered 

that the reactions of hypochlorous and hypobromous acid with natural organic matter in bodies 

of water forms disinfection byproducts (DBPs) (CDC 2016). All types of disinfectants, such as 

ozone, chlorine dioxide, chloramines, and UV-radiation, react to organic matter to form DBPs 

(Matilainen et al. 2011). Since Rook’s discovery, there have been over 600 DPBs that have been 

identified (CDC 2016), and the EPA regulates bromate, with the standard of 10 µg/L, chlorite, 

with the standard of 1000 µg/L, total trihalomethanes (THMs), with the standard of 80 µg/ L, 

and total haloacetic acids (HAAs), with the standard of 60 µg/L. The four regulated THMs are 

chloroform, bromoform, bromodichloromethane, and dibromochloromethane, and the five 

regulated HAAs are monochloroacetic acid, monobromoacetic acid, dichloroacetic acid, 

dibromoacetic acid, and trichloroacetic acid (US EPA 2020). 

DBPs are regulated because research has shown that they can be harmful to human health 

when exposed to high concentrations via inhalation, ingestion, and dermal contact through 

showering or swimming in disinfected waters (Chaves et al. 2019). For instance, epidemiological 

studies suggest the consistent association with bladder cancer (Freeman et al. 2017; Regli et al. 
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2015), rectal cancer (Bove, Rogerson, and Vena 2007; Jones et al. 2019), and adverse 

reproductive outcomes. Notably, researchers evaluated the effects of high exposure of DBPs on 

pregnant women and found an increased risk for cardiac effects (Cedergren et al. 2002), 

intrauterine growth retardation (Kramer et al. 1992), and small for gestational age (SGA) 

(Levallois et al. 2012). Evidence for the harmful effects of DBPs is apparent in toxicological 

studies as well. These studies revealed that high concentrations of DBPs in laboratory animals 

resulted in smaller body weights, a reduced chance in offspring survival, deformed neurological, 

and cardiovascular systems. Exposure through inhalation has shown pregnancy loss and growth 

retardation (Nieuwenhuijsen et al. 2000).  

 Researchers have attempted to better understand DBP formation by analyzing various 

factors such as the origins and safety thresholds of DBP precursors. This allows watershed 

management to predict the presence of DBPs and to make well-informed decisions about the 

selection of higher quality water for distribution (Moore et al. 2019a). Precursors of DBPs 

include anthropogenic contaminants such as sewage, fertilizers, herbicides, pesticides, fabric 

dyes, personal care products, pharmaceutical products, and hormones (Chaves et al. 2019). 

However, the major precursors are not anthropogenic sources, but are natural organic matter 

(NOM), which can be in the form of particulate organic matter or dissolved organic matter. The 

biggest contributors to NOM are humic substances (Matilainen, Vepsäläinen, and Sillanpää 

2010), which are mainly composed of soil humus and plants and are ubiquitous throughout the 

environment (Tang et al. 2014). Humic substances are significant, as they also contribute to more 

than 50% of the total organic carbon in water bodies (Matilainen, Vepsäläinen, and Sillanpää 

2010). 
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NOM is commonly found in groundwater and more so in surface water. Thus, surface 

water is typically more concentrated with DBPs (Nieuwenhuijsen et al. 2000). The emergence of 

NOM results from various biological, hydrological, and geological activities. More specifically, 

biological activities include algal or bacterial growth, which primarily contributes to the internal 

generation of NOM, also known as autochthonous NOM. The external generation of NOM, 

known as allochthonous NOM, can be introduced into the water body through the drainage basin 

carrying the decomposition of terrestrial organisms (Sillanpää et al. 2018). The concentration and 

composition of NOM differs in various bodies of water, including fresh and marine (Moreno-

Andrés and Peperzak 2019), and even in the same watershed due to seasonal changes such as 

droughts, floods, and rainfalls (Sillanpää et al. 2018). Varying NOM compositions will result in 

distinct DBP formations (Matilainen, Vepsäläinen, and Sillanpää 2010), and only a small 

fraction of NOM will react to disinfectants like chlorine (Moore et al. 2019a). To be clear, NOM 

is not innately toxic; however, it is viewed as a nuisance in our water supply because not only 

does it contribute to the formation of DBPs, but it also degrades the quality of the water by 

unfavorably altering the color, taste, and odor. In addition, NOM can be a carrier of toxic 

pollutants such as pesticides (Sillanpää et al. 2018).  

The formation of DBP is dependent on the physical and chemical attributes of the water 

quality (Chaves et al. 2019), as well as the operational conditions of the water treatment plant. 

NOM is typically removed in treatment plants by the following processes: coagulation, 

flocculation, sedimentation and sand filtration (Matilainen, Vepsäläinen, and Sillanpää 2010). 

Fortunately, coagulation has been regarded as a very efficient process in preventing the 

formation of DBPs. However, there have been global reports of NOM growth throughout many 

bodies of water. This is problematic as higher concentrations of NOM increases formation 
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potential of DBP and the need to strengthen disinfectant and coagulant doses, which then results 

in higher DBP concentrations (Matilainen et al. 2011). Temperature conditions also play a role in 

DBP formation potential, as warmer water temperature encourages DBP formation (Serrano et 

al. 2015). Moreover, pH is also a relevant factor. For example, Hung et. al (2017) finds that the 

formation of chloroform and THM decreases as the pH becomes more acidic.  

There are several methods to measure the precursors of DBPs. One method involves the 

measurement UV254, which measures the organic compound’s absorbance of light at a 

wavelength of 254 nm. Another option involves detecting colored dissolved organic matter 

(CDOM), which is the measurement of dissolved organic matter that fluoresces. Additionally, 

monitoring organic carbon and DBP formation potential via a laboratory test can be a proxy for 

DBPs (Moore et al. 2019b).  

The objectives of this paper are to a) investigate the seasonal trends of the precursors of 

DBPs, as measured by CDOM and chlorophyll fluorescence and turbidity in relation to land 

usage in the Saw Kill, b) evaluate the effects of temperature on CDOM fluorescence intensity on 

the stream inflows to the reservoirs of NYC’s drinking supply through laboratory experiments, 

and c) provide recommendations for the Saw Kill Monitoring Program on improving CDOM 

monitoring via fluorometry.  
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Chapter 2: 
Natural Organic Matter in the Saw Kill 

 
 
Introduction 
 
 The Saw Kill Watershed Community (SKWC) was formed in 2015 with the help of Bard 

College, uniting community members with the mission of protecting the Saw Kill watershed by 

means of education, science, and advocacy. Community members are from nearby towns 

(including Red Hook, Rhinebeck, Milan, and Bard College), representatives from several 

programs and nonprofits, and officials from the state, local, and county level. Since then, the 

following four teams were established to protect the watershed: science, education, stewardship, 

and municipal (Saw Kill Watershed Community, “About”, n.d.). The science team has a water 

quality monitoring program, called Saw Kill Monitoring Program (SKMP), which is a citizen 

science program aimed to create a baseline of data about the condition of the Saw Kill. The 

monitoring program emerged in 1975, monitoring 20 sites along the Saw Kill, but discontinued 

in 1982 (Saw Kill Watershed Community, “Science”, n.d.). The monitoring program was 

restarted in 2016 and is stationed in the Bard Water Lab at Bard College. The SKMP now 

monitors 14 sites along the Saw Kill (Bard Water Lab, n.d.) (Figure 2.1). 
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Figure 2.1. Map of Sample Sites Along the Saw Kill. The yellow circles represent sampling points along the Saw 
Kill. Map modified from (Riverkeeper, n.d.).  
 

The site that this study will be evaluating is the Saw Kill, which is a tributary of the 

Hudson River. It is 14.3 miles long and it runs through Red Hook, Milan, Rhinebeck, and the 

Bard campus. The Saw Kill watershed is 26.2 mi2, located on the eastern edge of the Hudson 

River and in the northwestern area of Dutchess County, New York (42°00’N, 73°53’W). The 

watershed is divided by the following land usages: 51.4% forested, 23.4% agricultural, 14% 

developed, and 11.2% other. It is a subwatershed of the Hudson River basin (Spodek 2017). The 

Saw Kill is of interest to study because it is a source of drinking water for Bard, as well as an 

area where treated water is discharged. It also serves multiple ecological benefits for community 
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members, including sightseeing, swimming, fishing, and boating (Saw Kill Watershed 

Community 2019). Therefore, looking at the source of DBPs in this river is significant because 

of the potential health risks to the large local population (CDC 2009).      

 Grab samples from each monitored site along the Saw Kill are collected the second 

Friday of every month using sterile technique (Appendix A). A dipper is used to collect water 

from the stream and then poured into a 1L bottle. Once the bottles are filled, they are placed in 

backpacks with ice packs, and transported to the Bard Water Lab. At the laboratory, various 

water quality parameters are tested on the collected samples by trained community members, 

along with running blank samples using autoclave deionized water for quality control purposes. 

The tested parameters include sewage indicating bacteria (enterococci, total coliforms, and E. 

coli), turbidity (see Appendix B for the turbidity protocol), conductivity, and fluorescence (see 

Appendix C for the fluorometry protocol) to indicate chlorophyll a, colored dissolved organic 

matter, optical brighteners, and phycocyanin.  

For purposes of analyzing the sources of disinfection byproducts, data from the 

monitoring program was acquired from December 2017 to December 2019 of the following 

parameters: colored dissolved organic matter (CDOM), chlorophyll a, and turbidity. Analysis of 

CDOM gives an estimation for total organic carbon and organic matter, while chlorophyll a 

provides a measure of the concentration of phytoplankton in a body of water. In addition, 

turbidity measures the relative transparency of a water sample; more turbid waters have more 

suspended particles such as clay, silt, and organic matter (USGS, n.d.). These parameters are 

crucial for evaluation because they are indicative of the NOM dynamics in the Saw Kill.  
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I hypothesize that  

1. Seasonality will have an impact on CDOM, chlorophyll a, and turbidity concentrations. I 

predict that summer is when these parameters would peak.  

2. Land cover will affect the variables tested. I predict that sites that are forested will have 

higher concentrations of CDOM while developed and MCA regions have higher 

concentrations of chlorophyll a and turbidity.  

 
Methods 
 

Turbidity in water samples were measured using a Portable Turbidimeter by Hach, Model 

# 2100Q. The turbidimeter hits the sample with light and measures the scattered light at a 90-

degree angle. Values are reported in the Nephelometric Turbidity Unit (NTU). The Hach 

Turbidimeter has the range of 0-1000 NTU, and Hach StablCal® standards (20 NTU, 100 NTU, 

800 NTU) are used for a full range calibration. The turbidimeter is calibrated every month, just 

before a SKWC sampling event.  

CDOM and chlorophyll a were measured with two AquaFluor Handheld Fluorometers 

from Turner Designs, Model # 8000-010. The specifications for these fluorometers are reported 

in Chapter 3 (see page 33). On both fluorometers, CDOM and chlorophyll a is measured on 

Channel B. These two fluorometers were calibrated on September 11, 2019, using Red 

Fluorescence Water Tracing Dye. CDOM and chlorophyll a values are reported in relative 

fluorescence units (RFU), relative to standards made by diluting this tracing dye to a solution 

concentration of 2-375 ppm. The tracing dye contains the chemical compound, Rhodamine WT; 

however, the exact concentration of Rhodamine WT in the dye is unknown. Along with the 

calibration, both instrument settings were adjusted to give readings on a scale of 0 to 1. For the 

CDOM channel, the 375 ppm solution standard was used to set the reading to 1, while the 
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chlorophyll a channel used the 160 ppm solution standard. Prior to the scale adjustment, the 

CDOM and chlorophyll a channels were on a scale of 0 to 100 and 0 to 400, respectively, and the 

method and date of previous calibration is unknown. As a result of scale adjustment, data after 

calibration, September 2019 to December 2019, was corrected to match the scale of the old data, 

December 2017 to August 2019. This was achieved by multiplying post September CDOM and 

chlorophyll a data by correction factors of 470 and 576, respectively. In addition to correcting for 

the scale change, these correction factors account for differences in the standard values, which 

were measured immediately before and after the instrument was calibrated. Thus, the corrected 

data reported in this chapter are directly comparable to the data prior to September 2019. Since 

the September 2019 calibration, both fluorometers have been checked for monthly drift within 

two days prior to each SKWC sampling event (White 2020).  

The three parameters, CDOM, chlorophyll a, and turbidity, are examined in relation to 

land usage because NOM sources in the Saw Kill may be heavily influenced by the activities of 

the surrounding land. However, Sites 6, 8, and 14 were removed from analysis because those 

sites are outliers; they are all tributaries of the Saw Kill and have shown consistently abnormal 

values of CDOM, chlorophyll a, and turbidity. In particular, Site 6 has irregular high and low 

values of the three parameters, while Site 8 is below a landfill, near an airport, and has an 

unusually high concentration of the three parameters. Lastly, Site 14 has abnormally low values 

of all three parameters. Therefore, only a total of 11 sites are analyzed.  

In order to examine the relationship between land usage and the sites along the Saw Kill, 

sites had to be categorized by their predominant land cover. Spodek (2017) calculated the areas 

of the new and old sampling sites upstream along the Saw Kill by a 500m x 500m drainage scale 

for each of the following categories: upland forest, developed, MCA 
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(meadow/cultural/agricultural) and other (open water, barren land, vegetated wetland, and 

shrubland). The “other” category was omitted from analysis as well because the definition was 

too broad and thus; would be not be appropriate for data interpretation. Using these drainage 

calculations, a table was formulated to represent data of only the new sample sites (Table 2.1), 

which was then used to determine each site’s dominant land usage (Table 2.2). Sites 1, 2, 2.5, 3, 

4, 5, 11, and 12 were established as an “upland forest” dominated region, whereas Site 7 was 

established as a “developed” dominated area. Lastly, sites 9 and 10 are grouped as “MCA”.  

After classifying each site, three plots were created to each illustrate the concentration of 

CDOM, chlorophyll a, and turbidity, throughout December 2017 and December 2019 in three 

categories: upland forest, MCA, and developed. Heat maps of CDOM and chlorophyll a in the 

Saw Kill were also created in a flip book format to analyze the seasonal patterns from a 

geographical perspective (Appendix D and E). To evaluate the normality of the three parameters, 

distribution plots were made. However, they failed the Shapiro-Wilks normality test, and were 

natural log-transformed to evaluate the correlation between log-transformed chlorophyll and 

turbidity and log-transformed CDOM and turbidity. The correlation tests, Kendall Tau and 

Spearman Rho, were applied. All graphs were created in R Studio, using ‘ggplot2’, ‘dplyr’ and 

the base package.   
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Table 2.1. Areas of Upland Forest, Developed, MCA, and Total Area calculated from a 500m x 500m drainage for 
sites along the Saw Kill. Note: “MCA” includes meadow, cultural, and agriculture. Modified from (Spodek 2017).  
Site ID Upland Forest (m2) Developed (m2)  MCA (m2)  Total Area (m2) 

1 258694 25963 9599 294319 

2 229805 36418 34968 304776 

2.5 233078 48003 37509 325433 

3 228329 51140 37545 324073 

4 180681 53504 36343 283869 

5 280140 40474 0 321446 

7 67650 178513 75266 384283 

9 2268 27979 871284 129003 

10 45468 39822 102686 314323 

11 168347 67353 43085 290033 

12 168145 88281 126823 393051 

 
Table 2.2. Dominant Land Use of Each Site. Note: “MCA” includes meadow, cultural, and agriculture. 
Site ID Dominant Land Use 

1 Upland Forest 

2 Upland Forest 

2.5 Upland Forest 

3 Upland Forest 

4 Upland Forest 

5 Upland Forest 

7 Developed 

9 MCA 

10 MCA 

11 Upland Forest 

12 Upland Forest 
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Results 
  

CDOM, chlorophyll a, and turbidity do not have normally distributed samples (p < 2.2e-

16). Thus, these variables were natural log-transformed to reduce the skewness in the variables 

(Figure 2.2). Unfortunately, the log-transformed plots still did not pass the Shapiro-Wilks 

normality test (CDOM p=0.006, chlorophyll a p=8.42e-11, and turbidity p=1.45e-13), meaning 

that these samples are not normally distributed. Therefore, analysis for these variables must be 

evaluated with non-parametric tests. Furthermore, there is a weak to insignificant correlative 

relationship between CDOM and turbidity (Kendall=0.083, Spearman=0.115), and chlorophyll a 

and turbidity (Kendall=0.073, Spearman=0.09) (Figure 2.3). 
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Figure 2.2. Distribution and Natural Log-Transformed Plots of CDOM, Chlorophyll a, and Turbidity. The 
left shows distribution frequency plots of CDOM (p < 2.2e-16), chlorophyll a (p < 2.2e-16), and turbidity (p < 2.2e-
16). The right depicts natural log-transformed graphs of CDOM (p = 0.005572), chlorophyll a (p = 8.42e-11), and 
turbidity (p = 1.452e-13).  
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Figure 2.3. Correlation Plots. The left depicts correlation between log-transformed chlorophyll a v.s. log-
transformed turbidity (Kendall = 0.07301335, Spearman: 0.09045148), while the right depicts correlation between 
log-transformed CDOM and log-transformed turbidity (Kendall = 0.082804, Spearman: 0.115495).  
 
 There are no seasonal trends of CDOM in the Saw Kill from 2017 to 2019 (Figure 2.4). 

The general observation, apparent in developed, MCA, and forested regions, is that the 

concentration of CDOM slowly increases from late fall 2017 into fall 2018, and peaks during the 

month of October. Concentrations then decrease into winter 2019, and eventually levels off 

during spring and summer 2019. There is a slight increase in concentrations in the fall of 2019. 

Outliers to this behavior include site 2.5, a predominantly forested area on the Bard campus, and 

a location where the wastewater treatment plant discharges its water. During the late fall of 2017 

to spring of 2018, CDOM values are much higher in site 2.5 compared to all other sites, and the 

concentrations drastically decrease during this period. Concentration levels peak during October, 

but begin to decrease during the winter of 2019, then slowly increase from spring 2019 to fall 

2019. All sites in forested, developed and MCA region exhibit the same pattern in CDOM levels. 

CDOM is higher in forested areas (with a mean concentration of 74.69 ± 49.88 RFU), by 12.34% 

than in developed locations (66.01 ± 51.33 RFU), and 46.1% greater than MCA regions, (46.71 
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± 40.1 RFU) (Table 2.3). Unfortunately, data for CDOM in the Saw Kill was not collected 

during the summer of 2019, which includes the months of June, July, and August.  

 There are also no seasonal trends of chlorophyll a or variations in chlorophyll a behavior 

throughout different land covers in the Saw Kill (Figure 2.5). During the late fall of 2017 to fall 

of 2018, chlorophyll levels are consistently low at < 100 RFU. From winter of 2018 to summer 

of 2019, chlorophyll a concentrations increase, then slowly decreases in fall of 2019. Chlorophyll 

a is slightly higher in developed regions (with a mean concentration of 82.87 ± 95.76 RFU), by 

12.51% compared to forested regions (73.114 ± 73.08 RFU), and 42.45% greater than MCA 

regions (53.853 ± 61.12 RFU). Lastly, there are also no seasonal trends of turbidity in the Saw 

Kill or varying turbidity behaviors in different land covers (Figure 2.6). Turbidity levels at all 

sites and all land usages are generally low in concentration, at < 10 NTU, except for the month of 

October in 2018, which drives the small peak in some sites. Turbidity levels are very similar 

throughout all land covers: 3.955 ± 5.11 NTU in forested areas, 3.14 ± 2.35 NTU in developed 

regions, and 2.810 ± 1.59 NTU in MCA areas. For all parameters, data was not collected in 

January, except for site 2, most likely due to unsafe sampling weather conditions.  
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Table 2.3. Mean, standard deviation, and number of samples were calculated for the following parameters: CDOM, 
chlorophyll a, and turbidity.  
Variable Land Use Average Concentration ± SD  Units N  

(number of samples) 

CDOM Forested 
MCA 
Developed 

74.69 ± 49.88  
46.71 ± 40.1 
66.01 ± 51.33 

RFU 
RFU 
RFU 

159 
40 
19 

Chlorophyll a Forested 
MCA 
Developed 

73.11 ± 73.08 
53.85 ± 61.12 
82.87 ± 95.76 

RFU 
RFU 
RFU 

183 
46 
23 

Turbidity Forested 
MCA 
Developed 

3.96 ± 5.11 
2.81 ± 1.59 
3.14 ± 2.35 

NTU 
NTU 
NTU 

183 
46 
23 

 



       18 

 
Figure 2.4. Concentration of CDOM (RFU) Over Time. Each colored line on the graph represents a distinct 
sample site in Saw Kill, revealing the concentration of CDOM (RFU) throughout December 2017 to December 
2019. The top section depicts a site in a primarily developed land cover, the middle section illustrates sites from a 
predominantly MCA area, and the bottom graph displays sites in a substantially forested location.  
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Figure 2.5. Concentration of Chlorophyll A (RFU) Over Time. Each colored line on the graph represents a 
distinct sample site in Saw Kill, revealing the concentration of chlorophyll a (RFU) throughout December 2017 to 
December 2019. The top section depicts a site in a primarily developed land cover, the middle section illustrates 
sites from a predominantly MCA area, and the bottom graph displays sites in a substantially forested location. 
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Figure 2.6. Concentration of Turbidity Over Time. Each colored line on the graph represents a distinct sample 
site in Saw Kill, revealing the concentration of turbidity (NTU) throughout December 2017 to December 2019. The 
top section depicts a site in a primarily developed land cover, the middle section illustrates sites from a 
predominantly MCA area, and the bottom graph displays sites in a substantially forested location. 
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Discussion 
 
Influences of Land Use 
 
 Forested land use is often associated with better quality of water because there is 

typically less erosion and fewer pollutant inputs of sediment, fertilizers, and pesticides (Cunha, 

Sabogal-Paz, and Dodds 2016). Forest and riparian areas also protect water quality by serving as 

a filter or buffer area to contaminants (Ernst, Gullick, and Nixon 2004). Furthermore, Ernst, 

Gullick, and Nixon (2004) report that an increase in forest cover decreases the operating 

treatment plant costs for water from surface sources. On the other hand, the primary source of 

water pollution comes from runoff from agricultural lands (Hascic and Wu 2006) and pollutants 

include pesticides, nutrients, sediments, and organic substances (Camara, Jamil, and Abdullah 

2019). Due to poor water qualities from agricultural areas, Abildtrup, Garcia, and Stenger (2013) 

finds an increase in water costs. Similarly, urban land covers are associated with a decline in 

water quality (Cunha, Sabogal-Paz, and Dodds 2016) and urban runoff consists of suspended 

solids, bacteria, nutrients, fats, and metals (Camara, Jamil, and Abdullah 2019). A risk associated 

with both agriculture and urban areas is excessive eutrophication (Hascic and Wu 2006). 

Although it is hypothesized that land use would influence the tested variables, from 

observing Figures 2.4, 2.5, and 2.6, there is not a clear relationship between land cover and the 

investigated parameters because all land uses reflect similar concentrations and patterns. 

However, there are some slight variations in the concentrations of CDOM, chlorophyll a, and 

turbidity throughout each land cover. For example, forested areas in the Saw Kill have slightly 

higher concentrations of CDOM, 12.34% greater than developed areas and 46.1% greater than 

MCA. This is expected as sources of CDOM mainly emerge from the decomposition of 

terrestrial and aquatic vegetations, and to a lesser extent, production from aquatic plants and 



       22 

phytoplankton (Griffin et al. 2018). Turbidity is also higher in forested sites, but the differences 

across varying land uses are negligible. It is interesting that turbidity levels in MCA and 

developed regions aren’t higher than in forested sites because those regions are expected to have 

anthropogenic contaminants flowing into the Saw Kill. In addition, developed regions in the Saw 

Kill have slightly higher concentrations of chlorophyll a; 12.51% greater than forested regions, 

and 42.45% greater than MCA regions. It is also interesting that MCA sites have lower 

concentrations of chlorophyll a, since eutrophication is often associated with agricultural areas. 

Despite these variations across land usage, there is not a clear pattern of the impacts of land uses. 

Therefore, the relationship between land usage and CDOM, chlorophyll a, and turbidity can’t be 

concluded. 

The impacts of land use may be hard to detect on the account of limitations to this 

dataset. Forested sites have a lot more samples than developed and MCA areas. For reference, 

there is only one site that is in the developed category, two sites in the MCA category, and eight 

sites from the forested region. Moreover, due to time constraints, statistical analysis was not 

performed to determine the significance in the relationship between land use and the measured 

parameters. Thus, further research, such as collecting more data and running statistical analyses, 

is recommended to have a better grasp of this relationship.  

 

Influences of Seasonality 

 It is hypothesized that seasonality will have an impact on concentrations of CDOM, 

chlorophyll a, and turbidity, and more specifically, warmer seasons like spring and summer are 

expected to have an effect on the measured parameters. This is because organic carbon and 

turbidity are generally found to be higher in warmer seasons (Cunha, Sabogal-Paz, and Dodds 

2016) and phytoplankton typically blooms in the spring and summer when there is greater 
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sunlight (Lindsey and Scott 2010). However, seasonality in the Saw Kill, from 2017 to 2019, 

was not observed to play a role in the concentration of the investigated parameters in Figures 2.4, 

2.5, and 2.6. This is because the parameters do not reflect any cyclical behavior and only peak 

for one season throughout two years. In particular, CDOM only peaks in the fall of 2018, which 

most likely reflects the decay of organic matter from terrestrial sources such as plant matter, 

leaves, and woody debris (Vannote et al. 1980). Likewise, turbidity only peaks during the fall of 

2018, and has extremely low concentrations of < 10 NTU throughout the rest of the years. 

Additionally, chlorophyll a peaks during the spring and summer of 2019, which indicates a high 

concentration of algae, corresponding with the EPA (2019) as they report that algae typically 

blooms during the summer or with warmer water conditions. Ultimately, this suggests that the 

Saw Kill is at the highest risk of formation potential of dissolved organic matter and turbidity 

associated DBP in the fall of 2018, and of chlorophyll a associated DBP in the spring and 

summer of 2019.  

Unfortunately, Saw Kill samples were not analyzed for CDOM during the summer of 

2019, because the fluorometer was borrowed from the Bard Water Lab. The missing data is 

critical to understanding the seasonality of CDOM because in many water bodies, CDOM tends 

to peak in the summer. Hence, the interpretation of CDOM seasonality may be misled. Another 

reason that seasonal trends are not apparent is that there needs to be more data collected. Further 

research over years could be more revealing of seasonal trends. A speculation of the drivers of 

the CDOM and turbidity peaks in October 2018, may be due to an extreme weather event such as 

intense precipitation or flood as Cunha, Sabogal-Paz, and Dodds (2016) find that turbidity, total 

organic carbon, and total THM formation potential are higher during rainy seasons.  

 



       24 

Relationship between NOM and DBP 

Although there are peak moments when the Saw Kill is at the highest risk of formation 

potential of specific associated organic matter during fall 2018 and spring/summer 2019, the 

increased likelihood of DBP exposure to the Bard community is uncertain. To have a better 

understanding of this dynamic, more information is needed about the operational conditions of 

Bard’s water treatment plant (WTP). As mentioned previously, operational factors of WTP have 

a great influence on DBP formation, such as the effectiveness of removing NOM and the 

disinfectant and coagulant doses. For instance, Serrano et al. (2015) finds high contents of 

organic carbon in raw water; however, after undergoing treatment, organic carbon contents had 

been removed by almost half. With regards to the water treatment at Bard, the Annual Drinking 

Water Quality Report for 2018 reveals that the WTP has been effective in minimizing DBP 

formation and concentration, as concentrations of total THMs and HAAs are in compliance with 

federal standards, 31.85 µg/L and 30.05 µg/L, respectively.  

In attempts to comprehend the complex relationship of NOM and DBP concentrations in 

the Saw Kill and finished drinking water, raw monthly data of THMs and HAAs were attempted 

to be acquired; however, it was not successful. Although access to the Annual Drinking Water 

Quality Reports for 2014, 2017, and 2018 were gained, they only report the annual mean of total 

HAAs and THMs. Unfortunately, the annual means do not provide enough information of DBPs 

on a seasonal scale, and as a result, conclusions of the relationship between NOM and DBP 

levels cannot be drawn. If monthly data of THMs and HAAs on raw and finished waters could be 

attained, further research would help understand the association between NOM in the Saw Kill 

and DBP concentrations in treated waters from WTP. In addition, analyzing CDOM, chlorophyll 

a, and turbidity in filtered water samples of the Saw Kill would be more revealing of this 
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relationship because they are more reflective of the operational processes of the water treatment 

plant. 

 
 
Conclusion 
 
 The hypothesis predicted that land usage and seasonality would have an impact on the 

investigated parameters of CDOM, chlorophyll a, and turbidity; however, results reject this 

hypothesis. From the gathered data, seasonality does not have a significant impact on CDOM, 

chlorophyll a, and turbidity, and there isn’t a clear effect from land usage (forested, developed, 

and MCA). Data suggests that the fall of 2018 is when the formation potential of DBPs 

associated with CDOM and turbidity are the highest and the summer of 2019 is when formation 

potential of DBPs associated with chlorophyll a are the highest in the Saw Kill. An approach for 

this chapter that wasn’t taken due to time constraints was to explore the variables in relation to 

dry and wet seasons in order to take the effects of precipitation into consideration. Ultimately, 

extended research on this topic is recommended to better understand the effects of seasonality 

and land cover, and the link between NOM and DBPs in the Saw Kill.  

 
 
Limitations 
 

There are several limitations to this chapter. First and foremost, the nature of a citizen 

science program has some constraints, such as the inconsistency in data analysis. CDOM was 

unable to be analyzed during the summer season, which is a very important piece of information 

that would greatly impact our comprehension of the results. Another limitation is the nature of 

using CDOM as an indication for organic matter in water bodies. The fluorometer only measures 

the fraction of CDOM that fluoresces, which is a small pool of total organic matter, revealing 
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only a small snippet of precursors to DBPs.  
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Chapter 3:  
Investigating Temperature Effects on CDOM Measurements 

 

Introduction 

 There are various proxy measurements of disinfection byproducts. As mentioned, one 

method is to measure the fraction of colored dissolved organic matter (CDOM) that fluoresces, 

also known as fDOM, by using a fluorometer. Fluorometers use UV light to excite fluorophores 

(Watras et al. 2011), which raises the energy of electrons from a ground state to an excited state. 

During this state of excitation, the organic fluorophores emit blue light, which allows for the 

detection of CDOM and electrons to return to their ground state (Avantes BV 2019). The usage 

of fluorometers to measure CDOM is becoming an increasingly common proxy for dissolved 

organic carbon (DOC) in streams, because it is a relatively quick and inexpensive method to 

utilize. However, there are limitations to CDOM fluorescence readings due to the inverse 

relationship between temperature and CDOM emission intensity. This circumstance occurs when 

the rise in temperature increases the chance that electrons in their excited state will return to 

ground state without emitting electromagnetic radiation. As a result, this reduces CDOM 

emission intensity. In other words, CDOM values decrease as temperature increases.  

Thus, when analyzing data with temperature variation, on a diel and seasonal time scale, 

raw fluorescence CDOM data may be misleading (Downing et al. 2012). A research group from 

the University of Wisconsin-Madison derived an equation to compensate CDOM for temperature 

effects:  

 

CDOMr = CDOMm/[1 + ρ(Tm – Tr)].  
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In this equation, T is temperature (°C), ρ is the temperature-specific coefficient of 

fluorescence (°C–1), and the subscripts r and m are the reference and measured values (Watras et 

al. 2011). Watras et al. (2011) encourages temperature compensation as a necessary and 

fundamental component to CDOM monitoring via fluorescence sensors.   

 This chapter analyzes the effects of temperature on CDOM values in collaboration with 

the New York City Department of Environmental Protection. The NYC DEP is a city agency that 

protects the public health and environment by supplying and monitoring drinking water and 

wastewater. The water supply system, which consists of aqueducts, reservoirs, tunnels, and 

pipes, drawing water from the suburban and rural hinterlands, serves approximately 5 billion 

liters of fresh water to about 9 million consumers in New York City and a few suburban regions 

on a daily basis. The upstate watersheds and reservoirs include the Croton system (12 reservoirs 

and 3 controlled lakes), the Catskill system (Ashokan and Schoharie reservoir), the Delaware 

system (Cannonsville, Neversink, Pepacton and Rondout reservoirs), and the Kensico, Hillview, 

and Jerome Park reservoirs (Figure 3.1). This water source is one of the few in the nation of its 

grand size that is both acquired from surface and groundwater. The water from the Catskill and 

Delaware reservoirs are unfiltered, but disinfected with chlorine and ultraviolet treatment (Pires 

2004).  

 

Methods 

The two study sites are the primary river inflows to reservoirs of the Delaware system, 

Neversink (NCG) and Cannonsville (CBS) (Figure 3.2). Cannonsville Reservoir is located in the 

western region of Delaware County, bordering New York and Pennsylvania (NYC 

Environmental Protection, “Cannonsville”, n.d.) (42°N, -75°W) (Latitude, n.d.). The reservoir 
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was created by constructing a dam on the West Branch of the Delaware River. The river’s new 

course flows south below the dam, eventually joining the lower Delaware River (NYC 

Environmental Protection, “Cannonsville”, n.d.). The reservoir has been in service since 1964 

and is the newest reservoir in the city’s water supply system. The reservoir is 4,703 acres, 12 

miles long, and has a maximum depth of 121 feet (NYC Department of Environmental 

Conservation, n.d.). It has a drainage area of 455 mi2, which is the largest drainage basin of all 

the system’s reservoirs and has a maximum capacity of 95.7 billion gallons (NYC Environmental 

Protection, “Cannonsville”, n.d.). The state of Cannonsville ranges from mesotrophic to 

eutrophic in terms of its algal productivity, with an agricultural land use of 19%, and 63% 

forested land cover. Additionally, there are four wastewater treatment plants within the 

watershed (Moore et al. 2019b). 

Neversink Reservoir is located in Sullivan County (41°N, -74°W) (USGS, n.d.). Similar 

to Cannonsville, the reservoir was formed with the construction of a dam on the Neversink 

River. The release below the dam flows into the continuation of the Neversink River, which joins 

the lower Delaware River further downstream. This reservoir has been in service since 1954. It is 

a smaller reservoir than Cannonsville (NYC Environmental Protection, “Neversink”, n.d.); it 

covers 1539 acres (USGS, n.d.), with a drainage basin of 92 mi2, and capacity of up to 34.9 

billion gallons (NYC Environmental Protection, “Neversink”, n.d.). Unlike Cannonsville, the 

reservoir is in an oligotrophic (lower productivity) state. It is heavily forested (91%) and has 

minimal agricultural activity (1.4%). There are no wastewater treatment plants within the 

watershed (Moore et al. 2019b).  
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Figure 3.1. Map of NYC’s Water Supply System. (Pires 2004, Figure 1).  
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Figure 3.2. Map of Neversink and Cannonsville Reservoir Watershed. Neversink is on the left and Cannonsville 
is on the right. The Neversink sampling location is situated at the USGS stream gage site, #0143500, represented by 
the green triangle. The Cannonsville sampling location is positioned at the West Branch Delaware River, 
downstream from the USGS stream gage site, #01423000, which is also portrayed by the green triangle. Map 
created by Samantha Cash for the NYC DEP in 2016. 
 
 
 Grab samples from stream inflows into both reservoirs were taken by DEP’s 

Grahamsville field staff. Samples were ideally collected mid-stream, and once the dark sample 

bottles were filled, they were placed in a cooler. In situ measurements of temperature, pH, and 

dissolved oxygen were conducted after sample collection, as well as site observations such as 

precipitation and time. Afterwards, the sample bottles were transported back to DEP’s laboratory 

in Grahamsville and later transferred to DEP’s Kingston laboratory on ice, and immediately 

placed in a refrigerator without added preservatives.  

A total of 20 grab samples were collected throughout November 2019 to February 2020; 

11 from CBS and 9 from NCG (Figures 3.3 and 3.4). From collected samples, both sites have 

generally low concentrations in dissolved organic carbon, with all samples measuring < 2 mg/L, 

and low in turbidity, with all samples < 11 NTU. Laboratory experiments were not always 

conducted immediately after sample collection. Some samples were in the refrigerator up to 51 

days before they were analyzed, but on average, samples were analyzed within 15.6 days. Four 
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samples were re-analyzed twice, two from NCG and two from CBS, testing for sample stability 

over time. Moreover, each fluorometer did not test the same number of samples. DEP’s 

fluorometer tested all samples from CBS and NCG, a total of 20 samples, while Bard’s 

fluorometer tested a total of 6 samples, 3 from each reservoir. 

 
Figure 3.3. Discharge at Cannonsville Reservoir Throughout November 2019 to February 2020. Grab samples 
collected are represented by the blue dot, analysis of the samples with DEP’s fluorometer are depicted by the green 
ring, samples analysis with Bard’s fluorometer are represented by the orange ring, and sample re-analysis with 
DEP’s fluorometer are portrayed by the purple ring. Figure created by Dave Van Valkenburg.  
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Figure 3.4. Discharge at Neversink Reservoir Throughout November 2019 to February 2020. Grab samples 
collected are represented by the blue dot, analysis of the samples with DEP’s fluorometer are depicted by the green 
ring, samples analysis with Bard’s fluorometer are represented by the orange ring, and sample re-analysis with 
DEP’s fluorometer are portrayed by the purple ring. Figure created by Dave Van Valkenburg.  
 

Temperature quenching experiments were conducted using two AquaFluor HandHeld 

Fluorometers from Turner Designs. One instrument belongs to the DEP’s Grahamsville 

Laboratory and the other is from the Bard Water Lab at Bard College. Both instruments are the 

same model, Model # 8000-010, and use UV LED for colored dissolved organic matter 

fluorescence. The specification for both Turner Design fluorometers is 375 nm center 

wavelength, excitation 350 +/- 40 nm, emission ≥ 420 nm, 0.1 ppb method detection limit, and 

linear range of 0-1000 ppb (Turner Designs, n.d.). Although both instruments are essentially the 
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same (in consideration of the slight variation in the manufacturing of each fluorometer), there are 

notable differences in calibration. The CDOM parameter in Bard’s fluorometer has been 

calibrated using rhodamine dye in September 2019, and since then has been checked for monthly 

drifts using rhodamine. However, Turner Designs does not recommend rhodamine as a standard 

to calibrate CDOM, and instead suggests using quinine sulfate (Henderson 2020). The scale for 

CDOM is set from 0 to 1 RFU (relative fluorescence units). On the other hand, DEP’s 

fluorometer was last calibrated for CDOM in summer of 2019, using a quinine sulfate standard 

made from the Grahamsville laboratory. The fluorometer’s scale for CDOM is at 0 to 100 RFU. 

Laboratory experiments were conducted at the DEP laboratory in Kingston, NY. The 

method for temperature fluorescence quenching that supervisors Dave Van Valkenburg, Karen 

Moore, and I developed, involved the process of evaluating water samples for the effects of 

temperature on CDOM intensity. Stream samples flowing into Neversink and Cannonsville were 

measured for CDOM at a temperature range of approximately 3°C to 30°C, in ~5°C increments. 

The ideal temperature target ranges were:  

-  < 5°C 

- 5°C - 10°C 

- 10°C - 15°C 

- 15°C - 20°C 

- 20°C - 25°C 

- 25°C - 30°C.  

These ranges were chosen because 5-6 data points are sufficient to analyze the relationship 

between temperature and CDOM fluorescence intensity. Water samples were first cooled down 

in a walk-in cooler with an ice bath, in order to achieve the temperature ranges of < 5°C and 5°C 
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- 10°C. Samples were then transferred to the laboratory and heated with a hot water bath to 

achieve the rest of the target ranges. The temperature was continuously monitored with a NIST 

digital thermometer. The cuvettes and the digital thermometer were rinsed with deionized water 

and wiped dry with KimTech wipes. See (Appendix F) for more details.  

To provide more insight about the procedure, temperature quenching experiments were 

only conducted in the laboratory during the period of method development. However, it was 

found to be extremely difficult to achieve temperature stabilization of the samples < 5°C, which 

resulted in the decision to conduct the low temperature portions of the experiments in the walk-in 

cooler. To ensure reliable data, data points with temperatures < 5°C were determined to be 

difficult to measure and therefore highly variable because of the constant temperature 

fluctuation. Thus, only samples analyzed during this experimental period with measurements at < 

5°C were omitted from data analysis and graphical representation (Figures 3.5, 3.6, 3.7, and 3.8). 

This data removal includes CBS and NCG samples collected on November 25 and December 9, 

2019, which were examined on both fluorometers.  

To examine effects of temperature on CDOM fluorescence emission intensity, raw 

CDOM data were corrected by using the equation CDOMr = CDOMm/[1 + ρ(Tm – Tr)], provided 

by Watras et al. (2011). These results are presented graphically. One figure represents raw and 

corrected CDOM from Cannonsville (Figure 3.5), while the other figure represents the same 

analysis, but from Neversink (Figure 3.6). The corrected CBS CDOM data, measured with the 

DEP’s fluorometer, was then applied to assess the robustness of the CDOM-DOC relationship 

(Figure 3.7). In addition, sample degradation of CBS and NCG were analyzed over a graph, 

illustrating CDOM values originally detected and CDOM values detected when re-analyzed at a 

later date (Figure 3.8). Lastly, the results of exploratory ATP (adenine triphosphate) tests were 
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evaluated. All plots were created in R Studio using the ‘ggplot2’ package and the statistical 

analysis such as correlation was executed using ‘Pearson’s r’ test.  

 

Results 

Temperature effects on CDOM intensity 

There is a linear decrease in CDOM intensity as temperature increases in both NCG and 

CBS samples, measured with both Bard and DEP fluorometers (Figures 3.5 and 3.6). This effect 

of temperature on CDOM intensity was observed to be reversible during laboratory experiments. 

For example, when samples exceeded the temperature target range, CDOM values would be 

remeasured at a cooler temperature, which resulted in higher CDOM values. This reversible 

effect was also reported by Watras et al. (2011).  

Over the temperature range of 3°C to 30°C, taking into account all samples from both 

fluorometers and sites, CDOM intensity decreases at approximately 1% ± 0.2 per degree 

temperature (°C) increase, which is consistent with the experimental work of Downing et al. 

(2012). When analyzing Cannonsville samples, DEP’s fluorometer measured CDOM values 

decreasing at an average of 0.84% ± 0.181 per 1°C increase (range = -0.69% to -1.353%, n = 11 

tests) (Table 3.1). Likewise, when using Bard’s fluorometer to analyze Cannonsville samples, 

measured CDOM values decreased at an average of 0.84% ± 0.0018, per 1°C increase (range = -

0.66% to -1.02%, n = 3 tests). When looking at water samples from Neversink, DEP’s 

fluorometer measured CDOM values decreasing at an average of 1.09% ± 0.0018 per 1°C 

increase (range = -0.97% to -1.53%, n = 9). Similarly, Bard’s fluorometer measured Neversink 

CDOM values decreasing at an average of 1.05% ± 0.0015 per 1°C increase (range = -0.88% to -

1.18%, n = 3 tests). This data suggests that there are no major differences between fluorometers 
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in the results for temperature quenching, despite calibration differences. However, there seems to 

be a difference between sample sites. On average, Neversink CDOM intensity decreases at 

1.07%, while Cannonsville decreases at 0.85% per 1°C increase, which is approximately 23% 

slower rate than Neversink. This may be a reflection of the differences in organic matter 

composition between the two watersheds. Watras et al. (2011) tested samples from different sites 

with known compositional differences and found that different sites had different fluorescence 

quenching behavior. 

 The inverse relationship between CDOM and temperature, apparent in (Figures 3.5 and 

3.6), indicates that data needs to be corrected for temperature, reported at a reference 

temperature. To correct CDOM values, the equation Watras et al. (2011) derived for temperature 

compensation was used:  

 

CDOMr = CDOMm/[1 + ρ(Tm – Tr)].  

 

Again, in this equation, T is temperature (°C), ρ is the temperature-specific coefficient of 

fluorescence (°C–1), and the subscripts r and m are the reference and measured values. The 

temperature coefficient is derived by taking the “slope/ intercept” of each sample. There are no 

major differences in the coefficients in the samples between each fluorometer. NCG and CBS 

samples analyzed with using DEP’s fluorometer has an average temperature coefficient of -0.009 

± 0.002045, and samples analyzed with using Bard’s fluorometer has an average temperature 

coefficient of -0.0092 ± 0.00169. However, there are differences in the mean coefficient between 

both sites. The average temperature coefficient of CBS is -0.0083 ± 0.0017 and NCG is -0.0102 

± 0.0015. The coefficient for each site and each fluorometer (Table 3.1) was applied to Watras’ 
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equation, along with the chosen reference temperature of 20°C to correct CDOM values (Figures 

3.5 and 3.6). These corrected values are highly correlated with dissolved organic carbon (DOC) 

(r2=0.97) (Figure 3.7).  

 
Table 3.1. Temperature Coefficient, Average Change of CDOM per Degree and the Range were calculated for two 
study sites, Cannonsville and Neversink Reservoir, by using two Turner Designs fluorometers.  

CDOM Sensor Matrix Date Analyzed N 
(number 
of 
samples) 

Change of 
CDOM 
Per Degree 
(Average ± SD) 

Range of 
CDOM 
Change per 
Degree 

Temperature  
Coefficient (ρ) 
(Average ± SD) 

Turner Designs; 
DEP 

Cannonsville 
Reservoir 
 

December 
January 
February  
 

11  -0.84% ± 0.181 
 

-0.69% to -
1.353% 

-0.008 ± 0.0018 

Turner Designs; 
DEP 

Neversink 
Reservoir 

December  
January  
February 

9 -1.09% ± 0.0018 
 

-0.97% to -
1.53% 

-0.0103 ± 0.0016 

Turner Designs; 
Bard 

Cannonsville 
Reservoir 

December 
February 

3 -0.84% ± 0.0018 -0.66% to -
1.02% 

-0.0085 ± 0.0019 

Turner Designs; 
Bard 

Neversink 
Reservoir 

December 3 -1.05% ± 0.0015 -0.88% to -
1.18% 

-0.01 ± 0.0014 
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Figure 3.5. Cannonsville CDOM Values Over a Range of Temperature. Raw fluorescence CDOM data from 
Cannonsville Reservoir are represented over a temperature scale of 3°C - 30°C on the left side. The right side 
depicts corrected CDOM data by utilizing Watras’ et al. (2011) equation, with the reference temperature of 20°C 
and the temperature coefficient of -0.008 (DEP’s fluorometer) and -0.0085 (Bard’s fluorometer). The top graphs are 
samples analyzed with DEP’s fluorometer, while the bottom graphs are samples analyzed with Bard’s fluorometer. 
Each colored line represents a distinct sample. 
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Figure 3.6. Neversink CDOM Values Over a Range of Temperature. Raw fluorescence CDOM data from 
Neversink Reservoir are represented over a temperature scale of 3°C - 30°C on the left side. The right side depicts 
corrected CDOM data by utilizing Watras’ et al. (2011) equation, with the reference temperature of 20°C and the 
temperature coefficient of -0.0103 (DEP’s fluorometer) and -0.01 (Bard’s fluorometer). The top graphs are samples 
analyzed with DEP’s fluorometer, while the bottom graphs are samples analyzed with Bard’s fluorometer. Each 
colored line represents a distinct sample. 
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Figure 3.7. CDOM v.s. DOC. Corrected Cannonsville CDOM values, measured with the DEP’s fluorometer, used 
as a proxy for dissolved organic carbon. R2= 0.97. 
 

Sample Degradation Over Time 

 Four samples were tested for shelf life; two from CBS and two from NCG. Each site had 

a grab sample collected on November 25 and December 9, 2019. They were first analyzed using 

DEP’s fluorometer, on December 11, 2019, holding time of 16 and 2 days respectively, and then 

reanalyzed on February 5, 2020, holding time of 72 and 58 days respectively (Figure 3.8). The 

temperature coefficient of CBS collected in November and analyzed in December is, -0.008, and 

the reanalysis in February is -0.007. The coefficient of CBS collected in December and analyzed 

in December is -0.01, and the reanalysis in February is -0.007. The coefficient of the NCG 

sample collected in November and analyzed in December is -0.01, and the reanalysis is -0.009. 

Lastly, the coefficient of the NCG sample collected in December and analyzed in December is -
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0.014 and reanalyzed in February is -0.009. These coefficients suggest that a holding period of 

72 days show signs of degradation of water quality in the samples.   

 

 

Figure 3.8. Re-analyzing NCG and CBS Samples with DEP’s Fluorometer. The left depicts Neversink and 
Cannonsville samples analyzed at an original date, and then re-analyzed at a later date. The right depicts these 
values corrected by utilizing Watras’ et al. (2011) equation, with the reference temperature of 20°C and the 
temperature coefficient of -0.008, and -0.0103 for CBS and NCG, respectively. Each colored line represents a 
distinct sample. 
 

Discussion 

Corrected CDOM values 

All corrected CDOM values (in Figures 3.5, 3.6, and 3.8), should have a slope of zero 

due to the compensation for temperature effects on CDOM emission intensity. When looking at 

Cannonsville and Neversink data, (Figures 3.5 and 3.6), none of the samples have a zero slope, 

but for the most part have slopes that are generally close to zero. However, a noteworthy outlier 

to this is the CBS sample from December 9, 2019, analyzed with the DEP fluorometer. Corrected 

CDOM values range from 16.53 RFU at 6.3°C to 14.38 RFU at 26.3°C, decreasing by ~2 RFU 
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with a -13.01 percent change. Likewise, the December 9, 2019 sample from NCG, analyzed with 

the DEP’s fluorometer, is an outlier as well. Corrected CDOM values range from 12.15 RFU at 

6.6°C, to 10.13 RFU at 26.2°C, decreasing by ~2 RFU with a -16.63 percent change. 

An explanation for these outliers may be that there is a need to correct CDOM values due 

turbidity, in addition to correcting for temperature effects. Downing et al. (2012) explains that 

suspended particles may reduce the excitation signal from the fluorometer and the CDOM 

fluorescence intensity emission, an effect known as light attenuation. Thus, correcting for 

turbidity may adjust the slopes closer to zero and produce data with greater accuracy. However, a 

closer examination of turbidity in the CBS and NCG December samples reveals that turbidity 

values were quite low: 1.7 NTU and 0.5 NTU, respectively. It can be inferred that the need for 

correcting these outliers for turbidity effects is not critical because there may not be much of an 

impact from light attenuation. The same could apply to all the samples from both sites, as CBS 

samples have turbidity levels of < 11 NTU, while samples from NCG have turbidity levels of < 3 

NTU. Future exploration on this relationship is beneficial to understanding effects turbidity on 

CDOM fluorescence emission intensity.  

A more reasoned explanation of why some corrected data do not have a slope of zero is 

because an average temperature coefficient by site and fluorometer was applied rather than using 

specific coefficients of each sample. Perhaps by using sample-specific coefficients, the slopes 

can be closer to zero (Moore 2020). Another narrative for the skewed slopes may point to human 

error during the temperature quenching experiments. The outlier samples were analyzed when 

the process of method development for temperature fluorescence quenching was in progress. As 

mentioned previously, the minimization of human errors was attempted by omitting the data 
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points of these specific samples with temperatures < 5°C. Other errors could possibly include 

smudging the cuvette or not wiping off the cuvette well enough. 

Interestingly, corrected Cannonsville samples with higher CDOM concentrations, > 18 

RFU, generally has a much higher discharge rate, > 900 csf (Figure 3.3), than the samples with 

lower CDOM concentrations. Samples of higher CDOM concentrations include November 25, 

December 16, December 30, January 13, and January 27, measured with both fluorometers 

(Figure 3.5). However, the January sample is an exception to the higher discharge rate 

observation. Its discharge rate is a little over 800 csf. Likewise, Neversink samples with higher 

CDOM concentrations, > 18 RFU, has the highest discharge rates compared to samples with 

lower CDOM concentrations, approximately > 250 cfs (Figure 3.4). These greater CDOM 

concentration samples are November 25, December 16, and December 30, which are measured 

with both fluorometers (Figure 3.6). It would be noteworthy to continue to assess more of this 

hydrological relationship with corrected CDOM concentrations, especially during a rising limb/ 

storm event, as most samples were collected during a falling limb.   

 

CDOM-DOC relationship 

 Nevertheless, corrected CDOM values strengthen the relationship between CDOM and 

dissolved organic carbon (DOC), as CDOM is often used as a predictor for DOC. A robust 

relationship can be indicative of the changes in the timing and the export of DOC during weather 

events and can provide information on the aquatic carbon cycle and budget. Fortunately, this 

relationship has been determined to be quite reliable (Spencer et al. 2012). However, as Spencer 

et al. (2012) observes, there are limitations to this relationship because in four atypical systems, 

there is a weak relationship between CDOM and DOC. These rivers experience substantial 
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impoundments or drain from the Great Lakes and are composed of photodegraded dissolved 

organic matter. Griffin et al. (2018) also finds that low-colored lakes have a weak CDOM-DOC 

relationship. Ultimately, these limitations should be taken into account when using CDOM as a 

proxy for DOC. 

Although (Figure 3.7) reveals a highly correlated relationship with corrected CDOM data 

(from Cannonsville analyzed with the DEP fluorometer) and DOC, r2= 0.97, this is just the 

preliminary work because CDOM values were analyzed in the late fall/winter when CDOM 

values are typically at their lowest. In other words, the data in (Figure 3.7) is not reflective of the 

stream’s annual organic matter concentration. Further research needs to be implemented to 

achieve a better understanding of the relationship in CBS and expand this work into NCG. It is 

recommended that research should further investigate seasonal changes by analyzing data in the 

spring, summer, and early fall season, as well as research over several years to get an 

understanding of the contrast between wet and dry years (Moore 2020). 

 

Shelf life 

CBS and NCG samples collected on November 25 and December 9, 2019 indicate 

sample degradation over a holding time of 72 and 58 days, respectively (Figure 3.7). However, 

the degradation of samples may be considered negligible, as most samples have approximately a 

maximum 2 RFU difference. For instance, corrected NCG November samples detected 21.75 

RFU at ~20°C while the reanalysis detected 23.41 RFU. This is a difference of about 2 RFUs, 

with an increased CDOM signal of 7.63%. A more significant difference are the changes 

between the original November and December NCG samples. The November sample measured 

21.75 RFU at ~20°C, while the December sample measured 10.41 RFU, with a signal reduction 
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of 52.14%. Similarly, the original CBS November sample, measured 22.28 RFU at ~20°C and 

the CBS December sample measured 14.37 RFU, with a signal reduction of -35.5%. These 

drastic reductions in CDOM concentrations over a timeline of two weeks are of more interest to 

continue studying. It indicates how dynamic organic composition can be within a stream system, 

further stressing the appeal of using CDOM as a proxy for DOC, as real-time DOC monitoring is 

expensive (Griffin et al. 2018). 

 

ATP Analysis 

 An ATP test was conducted on four samples; two from Cannonsville and two from 

Neversink, each collected on November 25, and December 9, 2019. All samples were analyzed 

on December 11, 2019. The ATP assay provides a sense of the microbial activity and possibly 

the quality of the organic matter. On average, Cannonsville has higher microbial activity, 

104.205 ± 56.08, while Neversink has a mean of 67.48 ± 28.45 (Table 3.2). This may reflect the 

characteristics of the Cannonsville watershed, as there is a greater population density, 

agricultural activity, and number of wastewater treatment plants compared to the Neversink 

watershed. However, it is important to recognize the restrictions of these results as there were 

only a few samples measured. Continued research with the ATP assay is necessary to have a 

more definitive result and analysis. This work may be compelling to conduct because the tests to 

gather information on the microbial activity and quality of the water samples are relatively quick 

to perform (~10 minutes) and inexpensive ($12/sample) (Moore 2020). 
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Table 3.2. ATP tests results for each sample analyzed.  
Matrix Sample Date Date Analyzed ATP Results 

Cannonsville November 25, 2019 December 11, 2019 64.55  
 

Cannonsville December 9, 2019 December 11, 2019 143.86 
 

Neversink November 25, 2019 December 11, 2019 87.60 
 

Neversink December 9, 2019 December 11, 2019 47.36 

 
 

Conclusions 

Possible refinements to the temperature quenching evaluation 

Limitations to this research during laboratory experiments include the fact that samples in 

the cuvette were not continuously agitated throughout the experiment. By including these 

components to the experiment, the added steps would give greater assurance that measurement 

error was reduced. However, given the logistics of handling small volumes of water that are 

temperature-controlled, measurement error is unavoidable. Furthermore, due to the limited time 

for this project, samples were only analyzed during the late fall/winter season. If this research 

could be continued into the spring, summer, and early fall, valuable information could be 

attained to gain a broader perspective on seasonal effects on temperature compensation. 

 

Sample and site differences in the temperature coefficient 

 Current literature does not have clear recommendations on how often CDOM 

measurements should be made to establish suitable temperature correction factors. Watras et al. 

(2011) advises that temperature coefficient is site and fluorometer specific, while Ryder et al. 

(2012) and Saraceno et al. (2012) suggest that temperature coefficient varies over time and 
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throughout events, such as storms, in the same body of water. This study indicates that, within 

the same sites, there are variations based on sample collection with regards to the river hydrology 

(Figures 3.3 and 3.4). To further investigate this phenomenon, grab samples should be collected 

during storm events. In addition, site differences between Neversink and Cannonsville 

watersheds can be further investigated with intensive sampling throughout various seasons 

(Moore 2020).  

 

Contrasts between fluorometers with different calibration standards 

Turner Designs, the manufacturer of the Aquafluor Handheld fluorometers used in this 

study, advises the usage of quinine sulfate as the solution for instrument calibration for the 

CDOM channel (Henderson 2020). However, some researchers use rhodamine dye as the 

calibration standard and may be prompted to do so over quinine sulfate because quinine sulfate is 

not shelf stable. Rhodamine dye is only recommended as a calibration standard for the 

chlorophyll and phycocyanin channels. As previously stated, DEP’s fluorometer was calibrated 

using quinine sulfate while Bard’s fluorometer was calibrated with rhodamine dye. Interestingly, 

the average temperature coefficients of the two fluorometers had negligible differences, despite 

differences in calibrations. However, there are clear differences in the units of the fluorometer, as 

Bard’s fluorometer is scaled from 0 to 1 RFU while DEP’s fluorometer is scaled from 0 to 100 

RFU. To compare samples on a different scale, samples were ranked from high to low 

fluorescence. This allowed comparable results from Bard’s fluorometer, even though non-

recommended calibrations standards were used. To further support these comparisons, 

supplementary sample testing over a wide range of organic matter concentration and composition 

would need to be conducted (Moore 2020).  
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Chapter 4:  
Recommendations for the Saw Kill Monitoring Program 

 

Disinfection byproducts are a local, regional, and global issue. Although DBPs are of 

concern, the usage of disinfectants on the water supply cannot be compromised. Disinfectants 

like chlorine protect us from harmful pathogens, viruses, and bacterial diseases (CDC 2016). 

This study analyzes the precursors of DBPs in the Saw Kill, and then evaluates the measurement 

of CDOM, which is a proxy for DBPs. This paper will conclude by connecting the results of 

temperature effects on CDOM fluorescence emission intensity back to the Saw Kill Monitoring 

Program (SKMP). Thus, recommendations for the SKMP will be advised in efforts to improve 

the monitoring of CDOM via fluorometry of the Saw Kill. 

To recap, the CDOM channel on the AquaFluor HandHeld Fluorometer from the Bard 

Water Lab should be calibrated using quinine sulfate instead of Rhodamine WT, as 

recommended by Turner Designs. The excitation and emission signals from Rhodamine WT (Ex: 

530 +/- 25nm and Em: ≥ 570nm) are not in alignment with the excitation and emission signals of 

the CDOM channel (Ex: 350 +/- 40nm and Em: ≥ 420nm). Additionally, Watras et al. (2011) 

finds that as temperature increases, CDOM fluorescence emission intensity decreases, and 

recommends using the following equation to correct for temperature effects:  

 

CDOMr = CDOMm/[1 + ρ(Tm – Tr)]. 

 

In this equation, T is temperature (°C), ρ is the temperature-specific coefficient of fluorescence 

(°C–1), and the subscripts r and m are the reference and measured values (Watras et al. 2011). 

Watras et al. (2011) explains that the temperature coefficient is calculated by “slope/intercept” 
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and it is site and fluorometer-specific. Furthermore, Downing et al. (2012) encourages the 

correction of CDOM for light attenuation due to suspended particles, in addition to correcting for 

temperature effects.  

The SKMP does not correct for temperature effects on CDOM. For this reason, Chapter 

2’s explorations of the seasonal variability in Figure 2.4 may not be reflective of the true CDOM 

levels throughout the years as temperature is a confounding factor. When analyzing raw CDOM 

data of the Saw Kill over various seasons that have temperature changes, the data may be 

misleading (Downing et al. 2012). More specifically, there is uncertainty around determining the 

cause of the CDOM peak in fall 2018 as it could be derived from temperature or seasonal effects. 

In addition, perhaps CDOM concentration may have also peaked in summer 2018 but was not 

detected by the fluorometer given that higher temperature reduces CDOM emission signals.   

In efforts to establish a more robust dataset of the Saw Kill, the monitoring program is 

recommended to correct CDOM for temperature effects using the equation provided by Watras 

et al. (2011). It may not be of great concern to allocate resources to correct for turbidity as well, 

accounting for the fact that the Saw Kill has low concentrations of turbidity. To achieve the goal 

of temperature compensation, temperature fluorescence quenching experiments should be run on 

samples from sites along the Saw Kill on a seasonal basis, following the protocol I created with 

the NYC DEP (see Appendix F). It is important to analyze sites across all seasons to gain an 

awareness of the seasonal effects on temperature compensation. When determining a suitable 

temperature coefficient for the Saw Kill, the monitoring program should be aware that extreme 

weather events, such as storms (Ryder et al. 2012; Saraceno et al. 2012), and sample collection in 

relation to river hydrology (Chapter 3) will have an impact on the temperature coefficient within 

the same water body. Some variables that should be contemplated are if temperature correction 
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should be applied on a seasonal scale (e.g. only during the fall) or on a monthly basis when 

samples are collected and processed. Ultimately, the goal is to figure out what is suitable for the 

Saw Kill.  
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Appendix 
 
A. SKMP Sampling Protocol 
 
 
Bard Water Lab 

Water Sampling Protocol 

TO BEGIN: 
→YOU MUST WEAR GLOVES and use a new pair at each site. 
→During the process, maintain sterile conditions and use aseptic technique – 
do not leave caps off for any period of time, work quickly and carefully. 
→Never go sampling alone 
 

1. Fill out site sheet for the current site location. 
2. Use aseptic technique. Wearing a new pair of gloves for each site. Take out 

the sampling bottle for the correlating site.  
3. Rinse sampling bottle with site water 3 times. Fill the bottle 1/3 of the way 

with water.  Recap and shake to rinse.  Dump “used” water on side of stream 
or grass to avoid mixing sediment into the water column. 

4. On the fourth time fill bottle, try to fill all the way leaving minimal air space. 
5. If you are using a dipper or bucket they should be rinsed 3 times as well 

before collecting the sample. 
6. Close the bottle tightly and place into the cooler backpack with 

icepacks.  Keep it out of direct sunlight and high temperatures for the 
duration of the field work. 

7. Use the YSI probe to measure dissolved oxygen content, conductivity, etc. 
of the water and record the results.  The probe should be placed into the 
water up to the base where the cord is connected.  After approximately 30 
seconds, press Enter and record the data set number on the screen. 

8. Return the water samples to the Bard Water Lab as soon as possible after 
collection.  This is important for ensuring optimal data and reliable results. 
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B. SKMP Turbidity Protocol 
 
 
Bard Water Lab 

Turbidimeter Protocol 

Materials 
-Hach Turbidimeter 2100Q 
-Glass Vessel 
-Silicone Oil  
-Lint Free Cloth  
 

1. Invert your sample three times to be sure no settling has occurred.  
 
2. Fill a clean sample cell halfway with sample cap it, shake and dump out. 
Repeat 3x. 
 
3. Fill a clean sample cell to the line (~15mL) with sample and cap it. 
 
4. Use a lint-free cloth to wipe down the cell and remove any water spots and 
fingerprints. 
 
5. Apply one drop of silicone oil (as needed). Wipe with a soft cloth until 
there’s an even film over the entire cell’s surface. 
 
6. Insert the cell into the turbidimeter compartment so that the triangular 
orientation mark aligns with the raised mark in front of the compartment. 
 
7. Close the compartment, press READ and record the turbidity in NTU. 
 
8. Empty the cell of the sample, carefully rinse the cell with tap water and 
return to step 1 for the next sample.   
 
Quality Control Notes: 

1. Blank:  run one blank sample (using autoclaved DI water as “sample”) during each 
sampling run.  Record the turbidity reading. 

2. Positive control:  run a duplicate sample for Site #2 (2A, 2B) during each sampling 
run.  Record the turbidity reading. 

3. If the sample is highly turbid, you may need to perform a dilution and re-read the 
turbidity.  First try a 1/10 dilution (2 ml sample + 18 ml DI water). 

 
Updated May 2020 
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C. SKMP Turbidity Protocol 
 
 
Bard Water Lab 

Fluorometry Protocol 
 
Materials  
-Two Turner Aquafluor set to measure: Chlorophyll a, Phycocyanin, Optical Brighteners, and Color Dissolved 
Organic Materials  
-Plastic Turner Cuvette, check that there are no marks or scratches 
-Lab wipes  
-DI Water for rinsing cuvette 

1. Select the correct Aquafluor fluorometer to measure your parameter; each fluorometer is 
only set up to measure 2 of 4 parameters. One Aquafluor measures Phycocyanin (channel 
A) and CDOM (channel B), while the other measures optical brighteners (channel A) 
and  Chlorophyll (channel B).  Check this by turning on the device and pressing the 
<A/B> button, which will show you the parameters it measures. 

2. Turn on the fluorometers by pressing the <ON/OFF> button, and wait at least 5 seconds 
for the instruments to boot up. 

3. Using gloves, obtain a plastic cuvette (NO GLASS CUVETTES), making sure that the 
outer surfaces are clean and free of noticeable scratches or marks.  Check for the 
sharpie mark on the rim of the cuvette; make sure to insert the cuvette with this side 
facing you for every reading. 

4. Run one blank sample FIRST (using DI water) for all 4 channels before measuring 
the other samples.  
Follow the instructions below and repeat steps 5 -14 for each sample. 

5. Rinse the cuvette with DI water 3 times.  
6. Gently agitate your water sample to re-suspend any particles that have settled to the 

bottom.  
7. Rinse the cuvette with your sample 3 times, then fill the cuvette until it is ¾ full (DO 

NOT fill the cuvette to its maximum volume).  
8. Gently clean off any smudges or liquid droplets from the outside of the cuvette with a lab 

wipe. 
9. After opening the small hatch to the sample bay, place your sample into the fluorometer, 

making sure not to spill any of the contents of the sample into the interior of the 
device.  If a spill occurs, quickly invert the device and immediately let a member of 
the BWL know. 

10. Select your desired parameter to measure using the <A/B> button. 
11. Press either of the two <READ> buttons, and record the measured parameter in RFU. 

Make sure to measure all 4 parameters (Chla, PC, OB, and CDOM) for each sample. 
12. Empty the cuvette and start at step 5 to measure the next sample.  
13. Finally, read one more blank sample after all of the other samples have been 

measured.  
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IMPORTANT NOTES: 
• Positive control:  Measure the Site 2 sample twice (2A, 2B) for each parameter to provide 

an indication of instrument variation. 
• If your cuvette becomes too dirty or scratched, you may discard it and take a new one. 

However, you MUST run another blank for all 4 parameters before proceeding to 
the next sample. This allows us to account for variability between cuvettes.  

• Follow this same protocol for running filtered fluorometry samples.  
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D. Flipbook of CDOM concentrations in the Saw Kill from 2017 to 2019  
All maps in this flipbook are modified from (Riverkeeper, n.d.).  
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E. Flipbook of chlorophyll a concentrations in the Saw Kill from 2017 to 2019 
All maps in this flipbook are modified from (Riverkeeper, n.d.).  
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F. Temperature Quenching Protocol 
 
 
Document Title: Evaluating the Effects of Temperature on CDOM Fluorescence Quenching on 
Water Samples 
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1 Introduction 
1.1 Fluorescence quenching is the decrease in fluorescence intensity of a substance, 

which can result from a variety of processes such as temperature, turbidity, and 
molecular interactions. This protocol describes an approach to determine the 
effects of temperature on quenching of the CDOM (colored dissolved organic 
matter) fluorescence signal (also known as fDOM, or fluorescent dissolved 
organic matter) from the AquaFluor Handheld Fluorometer by Turner Designs. It 
also serves as a basis to correct for temperature in fluorescence and examine the 
variability in the temperature correction factor between diverse water samples. 

 
2 Summary of Test Method 

2.1 This protocol provides an explanation on how to set up and run a temperature 
fluorescence quenching experiment. The goal is to measure colored dissolved 
organic matter (CDOM) in water samples at a temperature range of approximately 
3°C to 30°C to derive a quenching factor that is site-specific.  

2.2 Ideally, 5-8 CDOM measurements should be taken using the fluorometer at the 
following temperature ranges:  

- <5°C 
- 5°C - 10°C 
- 10°C - 15°C 
- 15°C - 20°C 
- 20°C - 25°C 
- 25°C - 30°C. 

3 Safety 

3.1 Safety glasses must be worn. 
3.2 A portion of the procedures will be conducted in a cold room. Dress appropriately.  

4 Equipment and Supplies 

4.1 Ice 
4.2 Ice Bucket 
4.3 Four 250 mL Beakers  
4.4 Dial thermometer 
4.5 NIST Digital thermometer 
4.6 Two bottles of Deionized (D.I.) Water 
4.7 Two boxes of Kimtech Wipes 
4.8 Fluorometers 

4.8.1 Turner Designs, Model: 8000-010 (Bard College’s fluorometer) 
4.8.2 Turner Designs, Model: 8000-010 (NYCDEP’s fluorometer) 

4.9 Steel Cart 
4.10 Hot Plate 
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4.11 1 L Glass Basin 
4.12 Methacrylate Cuvettes (Turner Designs, P/N 7000-959) or another suitable 

substitute 
4.13 Safety Glasses 
4.14 Water Samples 
4.15 Waterproof pen (e.g., Sharpie®) 

5 Set Up 

5.1 Keep the samples in the walk-in cooler (cold room with a temperature around 
4°C). 

5.2 Fill the ice bucket with ice. 
5.3 Fill two 250 mL beakers with ice and water to create an ice bath.  

5.3.1 Place one in the cold room. 
5.3.2 Place the second in the laboratory. 
5.3.3 Note: Refill the ice bath with ice as needed.  

5.4 For the walk-in Cooler 
5.4.1 Place the following items on the Steel Cart and into the cold room to 

equilibrate the items to the cold room’s temperature: 
- Bottled Water Samples 
- Kimtech Wipes 
- Fluorometer  
- 1 - bottle of D.I. Water 
- 1 - ice bath in beaker 
- 1 - waste beaker 
- NIST Digital thermometer  

5.4.2 Notes 
5.4.2.1 When borrowing the NIST Digital Thermometer, ensure that the 

sign out sheet is completed.   
5.4.2.2 Allow sufficient time for the fluorometer and NIST Digital 

Thermometer to cool down and equilibrate to the cold room’s 
temperature (about 4 °C). The instruments need to be in 
equilibrium with the cold room to minimize the thermal impact 
on the samples because the fluorometer’s internal electronics 
continuously generate heat.  

5.5 For the benchtop workspace   
5.5.1 Place the following items on the benchtop space: 

- Hot Plate 
- 1 L glass basin 
- Kimtech Wipes 
- Ice bucket 
- 1 - waste beaker 
- 1 - ice bath in beaker 
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- Cuvettes 
- Sharpie 
- Dial Thermometer 
- Waterproof pen (Sharpie®) 

5.5.2 Fill the glass basin halfway with water and place it on the hot plate. Set 
the temperature of the hot plate to approximately 40°C to create a hot 
water bath. Place the Dial Thermometer in the glass basin. 

5.5.3 Note: Continuously monitor the temperature of the water in the glass 
basin by turning the hot plate off when the temperature becomes warmer 
than 40°C, and turning the hot plate on when the temperature becomes 
cooler than 40°C.  

5.6 Select a cuvette for use with the fluorometer. 
5.6.1 Select a cuvette by inspecting cuvettes for scratches or damages. Choose 

one with little to no scratches. 
5.6.2 Use a waterproof pen to mark the top of the lip of the cuvette with a dot.  
5.6.3 Note: The mark on the cuvette serves as a guide for consistency purposes, 

allowing the orientation of the cuvette to be the same for each reading.  
Every time the cuvette is placed into the fluorometer, the dot should be 
towards the display.  

6 Procedures 

6.1 Record information on the table in Section 6.  
6.2 Analysis in the cold room.  

6.2.1 Note: The analysis in the cold room should be able to measure the first 
and possibly second temperature ranges. 

6.2.2 Turn the fluorometer on and ensure that it is on the correct channel by 
checking the back of the fluorometer.  
6.2.2.1 The correct channel for DEP and Bard’s fluorometer is Channel 

B.  
6.2.2.2 Note: Continually check the fluorometer to confirm that it is on.  

6.2.3 In the cold room, rinse the cuvette and the NIST Digital Thermometer 
with D.I. water once. 
6.2.3.1 Note: The experiment begins in the cold room, because it is 

extremely difficult to get the temperature of the cuvette and 
instruments to about 4°C in the laboratory.  

6.2.4 Gently invert the bottled water sample three times. Rinse the cuvette with 
the sample three times and pour the water into the waste beaker.  

6.2.5 Fill up the cuvette 3/4 with the sample. 
6.2.5.1 Notes: This aliquot of sample will be continuously used 

throughout this experiment until all temperature ranges are 
achieved. If the aliquot of sample is poured out before the entire 
experiment is finished, the experiment must be restarted with a 
new aliquot.  
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6.2.6 Place the cuvette in the ice bath for about a minute to cool the cuvette and 
sample, to the cold room’s temperature. 

6.2.7 Wipe off water and condensation from the outside of the cuvette with a 
Kimtech Wipe. Place the cuvette into the fluorometer with the dot 
towards the display.  
6.2.7.1 Note: When wiping the cuvette, hold it by the edge of the top to 

prevent additional smudges.  
6.2.8 Measure the temperature of the sample in the cuvette. 

6.2.8.1 Place the NIST Digital thermometer into the cuvette while it is 
in the fluorometer. 

6.2.8.2 Temperature stabilization is extremely difficult to achieve 
because of body heat, and heat from the thermometer and 
fluorometer. Due to this natural state of temperature fluctuation, 
it is acceptable to record the temperature when it is slowly 
changing by the 10th of a degree (0.1°C).  

6.2.8.3 Record the temperature in Celsius and to the nearest 10th of the 
degree with intentions of achieving the first temperature range 
(about 4°C). 

6.2.9 After recording the temperature, remove the digital thermometer. 
6.2.9.1 Check to make sure the fluorometer is still on. If the fluorometer 

is off, turn it on, and wait for it to completely start up before 
recording the temperature.  

6.2.9.2 Quickly take the digital thermometer out of the cuvette by 
pulling it against an edge of the cuvette in efforts to minimize 
the amount of water droplets leaving the cuvette.  

6.2.9.3 Once the thermometer is removed, keep it at a distance from all 
objects to prevent contamination and the generation of 
additional heat. 

6.2.10 Quickly press “Read” on the fluorometer and record the CDOM values in 
the table. 

6.2.11 Record any observations in the note column.  
6.2.12 Repeat steps 6.2.8 to 6.2.11 when the sample in the cuvette has reached 

the next target temperature (about 8°C).  
6.3 Analysis at the benchtop. 

6.3.1 Take the fluorometer with the cuvette inside, and the digital thermometer 
into the laboratory.  
6.3.1.1 Note: Verify that the fluorometer is held right side up so that the 

sample in the cuvette won’t spill.  
6.3.2 Dip the cuvette into the hot water bath for about 30 seconds so the 

temperature can increase to the next target range (10°C-15°C).  
6.3.2.1 In instances where the sample overshoots to the next 

temperature target range, record the temperature and CDOM 
values. Then, dip the cuvette into the ice bath for about 30 
seconds to cool the sample in order to achieve the original target 
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range.  
6.3.2.2 In instances where the temperature of sample does not meet the 

next target range, place the sample into the hot water bath again 
to heat up the sample.   

6.3.3 Wipe off water and condensation from the outside of the cuvette with a 
Kimtech Wipe. Place the cuvette into the fluorometer with the dot 
towards the display.  
6.3.3.1 Note: When wiping the cuvette, hold it by the edge of the top to 

prevent additional smudges.  
6.3.4 Measure the temperature of the sample in the cuvette with intentions of 

achieving the third target range (10°C-15°C). 
6.3.4.1 Place the NIST Digital thermometer into the cuvette while it is 

in the fluorometer. 
6.3.4.2 Temperature stabilization is extremely difficult to achieve 

because the sample is consistently trying to equilibrate with the 
laboratory’s temperature. Due to this natural state of temperature 
fluctuation, it is acceptable to record the temperature when it is 
slowly changing by the 10th of a degree.  

6.3.4.3 Record the temperature in Celsius and to the nearest 10th of the 
degree. 

6.3.5 Repeat steps 5.3.2 to 5.3.4 with the intentions of increasing the 
temperature to the next target range. 

6.3.6 Repeat steps 5.3.2-5.3.4 until all temperature ranges between 4°C and 
30°C have been achieved. 

6.3.7 Pour out the sample into the waste beaker. 
6.4 Repeat Steps 5.1-6.3 for each additional sample.  
6.5 Clean up 

6.5.1 There are no special disposal requirements.  
6.5.2 When all the analysis with the samples are finished, return the NIST 

digital thermometer and record when the NIST thermometer is returned 
on the sign out sheet. Pour the ice, ice baths, water from the glass basin, 
and water samples from the waste beaker into the sink. Return dirty 
glassware so they can be washed. Return all other equipment and make 
sure the bench space is cleaned.  
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7 Table 

6.1 Temperature Fluorescence Quenching Table 
Sample 

Collection Date 
Sample 

Analysis Date 
Sample 

Site 
Fluorometer 

Name 
CDOM 

Value (Units) 
Temperature  

(°C) 
Notes 
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